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Abstract. The transition of cell–matrix adhesions from
the initial punctate focal complexes into the mature elongated form, known as focal contacts, requires GTPase
Rho activity. In particular, activation of myosin II–driven
contractility by a Rho target known as Rho-associated kinase (ROCK) was shown to be essential for focal contact
formation. To dissect the mechanism of Rho-dependent
induction of focal contacts and to elucidate the role of
cell contractility, we applied mechanical force to vinculin-containing dot-like adhesions at the cell edge using a
micropipette. Local centripetal pulling led to local assembly and elongation of these structures and to their
development into streak-like focal contacts, as revealed
by the dynamics of green fluorescent protein–tagged
vinculin or paxillin and interference reflection microscopy. Inhibition of Rho activity by C3 transferase suppressed this force-induced focal contact formation.

However, constitutively active mutants of another Rho
target, the formin homology protein mDia1 (Watanabe,
N., T. Kato, A. Fujita, T. Ishizaki, and S. Narumiya. 1999.
Nat. Cell Biol. 1:136–143), were sufficient to restore
force-induced focal contact formation in C3 transferasetreated cells. Force-induced formation of the focal contacts still occurred in cells subjected to myosin II and
ROCK inhibition. Thus, as long as mDia1 is active, external tension force bypasses the requirement for
ROCK-mediated myosin II contractility in the induction of focal contacts. Our experiments show that integrin-containing focal complexes behave as individual
mechanosensors exhibiting directional assembly in response to local force.
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Introduction
Cells adhere to the extracellular matrix (ECM)1 via integrin-mediated adhesions that link the ECM to the actin cytoskeleton. Receptors for ECM proteins, transmembrane
integrin molecules, are associated via their cytoplasmic domains with a complex of proteins including vinculin, talin,
paxillin, tensin, and many others (Jockusch et al., 1995;
Burridge and Chrzanowska-Wodnicka, 1996; Yamada and
Geiger, 1997; Small et al., 1998; Bershadsky and Geiger,
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1999; Critchley, 2000), which are all involved in the dynamic
association with actin filaments. In cultured cells, integrinbased molecular complexes form discrete morphological
entities of several types. Small (0.5–1 m) dot-like or point
contacts (Bershadsky et al., 1985; Tawil et al., 1993) also
known as focal complexes (Nobes and Hall, 1995) are localized at the edges of lamellipodia. Elongated (3–10 m in
length) streak-like structures associated with actin- and myosin-containing filament bundles (stress fibers) are known
as focal contacts or focal adhesions (Heath and Dunn, 1978;
Rottner et al., 1999; Zamir et al., 2000). An additional form
of adhesion site, tensin-enriched fibrillar adhesions (Zamir
et al., 1999, 2000; Katz et al., 2000), is involved in the fibronectin fibrillogenesis (Pankov et al., 2000).
In addition to their function as adhesion sites, matrix adhesions participate in adhesion-dependent signaling (Yamada and Geiger, 1997; Schoenwaelder and Burridge,
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1999). In particular, focal contacts, but not fibrillar adhesions (Zamir et al., 1999), contain high levels of tyrosinephosphorylated proteins, a hallmark of signaling molecules. Among the components of focal contacts, several
types of signaling molecules including tyrosine kinases, tyrosine phosphatases, and adaptor proteins have been identified (Yamada and Geiger, 1997; Bershadsky and Geiger,
1999; Schoenwaelder and Burridge, 1999). Thus, focal contacts function as both adhesion and signal transduction organelles, informing cells about the state of the ECM.
Assembly and morphogenesis of matrix adhesions are in
turn regulated by signals from small G-proteins of the Rho
family. Activation of Rho is required for the formation of
focal contacts and the associated stress fibers, whereas formation of punctate focal complexes depends on the activity of Rac (Nobes and Hall, 1995; Rottner et al., 1999). It
was observed that focal complexes appear first after cell–
matrix interaction, and focal contacts evolve from them in
a Rho-dependent manner (Clark et al., 1998; Rottner et
al., 1999). Rho functions by triggering many target molecules that, in turn, initiate cascades of downstream events.
Two of the immediate Rho targets, Rho-associated kinase
(ROCK) (known also as ROK or Rho-kinase) and the
formin homology protein mDia1 (a mammalian homologue of Drosophila Diaphanous protein) were shown to
mediate the effects of Rho on matrix adhesions and the actin cytoskeleton (Watanabe et al., 1999). Inhibition of
ROCK function by chemical inhibitors or dominant negative mutants prevents the formation of focal contacts
(Amano et al., 1997; Uehata et al., 1997), but not of focal
complexes (Rottner et al., 1999). Appropriately balanced
ROCK and mDia1 activities are sufficient to induce stress
fiber and focal contact formation indistinguishable from
that induced by activated Rho (Watanabe et al., 1999).
Both ROCK and mDia1 have many downstream targets,
and to understand the mechanics of focal contact assembly,
it is necessary to elucidate which of these targets are involved in the process. In particular, ROCK was shown to
stimulate myosin II–driven contractility in smooth muscle
and nonmuscle cells by phosphorylating, and thereby inactivating, the myosin light chain phosphatase (Kimura et al.,
1996; Kawano et al., 1999) and possibly by direct phosphorylation of the myosin light chain (Kureishi et al., 1997; Totsukawa et al., 2000). Cell contractility is a major factor controlling the formation of stress fibers, as was proposed by
Burridge (1981). More recently, experiments with inhibitors
affecting different pathways of myosin II regulation revealed
a strong correlation between suppression of myosin II–
driven contractility and impaired formation of stress fibers
and their associated focal contacts (Volberg et al., 1994; Bershadsky et al., 1996; Chrzanowska-Wodnicka and Burridge,
1996; Pelham and Wang, 1997; Kaverina et al., 1999; Rottner
et al., 1999). Overexpression of a natural inhibitor of myosin
ATPase, caldesmon, blocks cell contractility and interferes
with the transition of focal complexes into focal contacts
(Helfman et al., 1999). Both chemical myosin II inhibitors
(Chrzanowska-Wodnicka and Burridge, 1996) and caldesmon overexpression (Helfman et al., 1999) prevent focal
contact formation even if the cells express constitutively active Rho. These studies strongly suggest that Rho-ROCK–
mediated increase of cell contractility is a necessary event in
the pathway leading to the formation of focal contacts.

Contraction of the cells attached to the substrate leads to
the development of tension forces applied to the adhesion
sites (Harris et al., 1980; Lee et al., 1994; Galbraith and
Sheetz, 1997; Dembo and Wang, 1999). It is possible that
the tension itself affects the focal complexes, inducing their
growth and transition into focal contacts. This suggestion is
supported by experiments showing that solid substrates induce formation of large focal contacts more efficiently
than flexible substrates of the same chemical composition
(Pelham and Wang, 1997). More recently it was shown that
the physical state of the ECM can regulate protein composition of cell–matrix adhesions (Katz et al., 2000).
To determine whether local tension applied to the initial
focal complex is in fact a link in the chain of events connecting Rho activation with the formation of focal contacts, we decided to mimic cell contractility–driven tension
by local application of external pulling force. To this end
we used micropipettes coated with adhesive ligands and a
micromanipulation technique to apply controlled stresses
to the cell surface. This approach demonstrated convincingly that activation of focal complex growth is a local phenomenon, and that individual focal contacts behave as
mechanosensors responding to the application of force by
directional elongation. The downstream target of Rho that
is sufficient for the force-induced contact formation was
shown to be mDia1. At the same time, the entire ROCKactivated pathway, including myosin II activation, appeared to be dispensable when focal contacts were induced by application of external force.
Thus, our experiments show that the probing of the external substrate by the cell can be divided into two phases:
first, the ROCK-dependent creation of force by the contractile apparatus; and, second, the response at the level of
a single focal contact. The second step does not depend on
ROCK but appears to require mDia1. The focal contacts
are individual mechanosensors whose elongation reveals
the local balance between the force generated by the cell
and ECM rigidity.
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Materials and Methods
Cells and Transfections
SV-80 human fibroblasts and NIH 3T3 cells were maintained in DME supplemented with 10% bovine calf serum (Hyclone). Cells were transfected
using the Ca2-phosphate method with constructs encoding green fluorescent protein (GFP)–vinculin (Zamir et al., 1999), GFP–paxillin (Zamir et
al., 2000), or GFP–actin (provided by G. Marriott, Max-Plank-Institute for
Biochemistry, Martinsried, Germany) (Choidas et al., 1998). In some experiments, cells were cotransfected with GFP–vinculin and with caldesmon, epitope tagged with hemagglutinin (HA) (Helfman et al., 1999), with
GFP–vinculin and HA-tagged botulinum ADP–ribosyltransferase C3 (C3
toxin), or with a combination of C3 toxin and constitutively active mutants
of mDia1. The construct encoding C3, obtained from Dr. A. Hall (University College, London, UK), was subcloned into the pCGN-HA expression
vector using the Xba I and BamH I sites. The plasmids pFL-mDia1N1
and pFL-mDia1N3 encoding FLAG-tagged constitutively active mutants
of mDia1 were described previously (Watanabe et al., 1999). In these experiments, a constant total amount of DNA (10 g) was used. The ratio
between amounts of C3, mDia11, and GFP–vinculin DNA was 1:2:7;
the ratio between C3, mDia1N3, and GFP–vinculin DNA was 1:4:4. In
control experiments, mDia1 constructs were replaced by empty vectors.
5 h after transfection, the medium was changed and cells were incubated in serum-containing medium for 16 h; then, cells were replated in
observation chambers (#1 coverslip–bottomed Petri dishes). In some experiments, the cells were plated directly on the observation chambers and

transfected after plating. Micromanipulations were performed 36–60 h
later; cells were incubated in serum-free medium 5–10 h before the experiments. When the role of substrate coating was studied, transfected cells
were replated in serum-free medium on substrates coated with poly-L-lysine
(P-1274; Sigma-Aldrich) or poly-L-lysine and fibronectin (F-1141; SigmaAldrich) as described (Bershadsky et al., 1996), and experiments were
performed 1–3 h later.

Micromanipulations
Micromanipulation experiments were conducted in DME lacking sodium
bicarbonate and containing 20 mM Hepes to maintain the pH at 7.2
throughout the experiment. Alternatively, we used CO2-independent medium (Life Technologies). Glass capillaries with outside diameter of 1 mm
(B100-75-15; Sutter Instrument Co.) (or GC100T-10; Harvard Apparatus)
were pulled with a micropipette puller (P-2000 or P-97; Sutter Instrument
Co.). The elastic constant of the pipette tips was 60 nN/m, as estimated
by the vertical tip deflection induced by wires of known mass. The section
of the pipette attached to the cell was 1 m in diameter. For fibronectin
coating, pipettes were incubated at 4C in a 10 g/ml fibronectin solution in
PBS for 24 h. For poly-L-lysine coating, pipettes were incubated for 10 min
at room temperature with a 0.1-mg/ml aqueous solution of poly-L-lysine followed by drying. Manipulations were performed with a Leitz micromanipulator or with a Sutter MP-285 micromanipulator (Sutter Instrument Co.).

coated with fibronectin (Balaban et al., 2001). Cells were incubated in serum-free medium 10 h before the experiment. GFP–fluorescence images
and phase–contrast images of a cell on the dotted pattern are shown. Distortion of the pattern corresponds to the substrate deformation in the
proximity of the cell edge after application of the force by micropipette.
Photographs were taken 20 s, 2 min, and 6 min after the substrate deformation. Centripetal tension developed at the opposite cell edge induces
focal contact formation and growth. In this set-up, development of tension
force is not accompanied by any compression on the cell.
Supplemental Figure S2 (available at http://www.jcb.org/cgi/content/
full/153/6/1175/DC1) shows that application of external force at 4C does
not induce focal contact formation. Serum-starved GFP–vinculin-transfected SV-80 fibroblasts were cooled to 4C at the microscope stage using
a water-circulating cooling device mounted on the objective. GFP–vinculin fluorescence before pipette shift, the phase image taken immediately
after the shift, and the fluorescence image taken 5 min later are shown. No
formation of focal contacts was observed in these experiments.

Results
Mechanical Force Induces ECM-dependent Formation
of Focal Contacts in Serum-starved Fibroblasts

Supplemental Figure S1 (available at http://www.jcb.org/cgi/content/full/
153/6/1175/DC1) shows formation of focal contacts in response to the
application of force to the flexible substrate nearby the cell. GFP–vinculin
transfected SV-80 cells were plated on a patterned flexible substrate

We first examined whether application of mechanical
force induces focal contact growth. To apply a force able
to locally affect focal complexes at the cell edge, we used
micropipette manipulation. The tip of the pipette was
coated with an adhesive ligand such as fibronectin or polyL-lysine. This flexible tip was pressed against the coverslip
in the proximity of a cell and shifted towards the cell edge
(Fig. 1 A). This motion was performed in a few seconds
and extended to several micrometers from the cell edge.
This procedure permitted mechanical stress to be induced:
the pipette was attached to the upper surface of the cell
and its inward displacement resulted in a local mechanical
force that was transmitted to the focal complexes (Fig. 1,
B–C). For our experiments, we used human SV-80 fibroblasts or NIH 3T3 mouse fibroblasts that were transiently
transfected with a GFP–vinculin or GFP–paxillin constructs. Observations of GFP fluorescence together with
interference reflection microscopy (IRM) made it possible
to follow focal contact dynamics.
In agreement with previous studies (Ridley and Hall,
1992; Bershadsky et al., 1996; Chrzanowska-Wodnicka
and Burridge, 1996; Helfman et al., 1999), serum deprivation for 5–10 h prevented development of focal contacts in
both NIH 3T3 and SV-80 cells so that GFP–vinculin was
localized primarily in punctate focal complexes at the cell
edge (Fig. 2, A and A). The rapid stress produced by the
pipette shift (Fig. 2, compare D with B) induced, after 1
min, growth of the focal complexes leading within several
minutes to the appearance of streak-like focal contacts
(Fig. 2, C and C). Local force caused a local response:
growth was observed only in the focal complexes located
at the cell edge in the vicinity of the pipette tip, and the direction of focal adhesion growth corresponded to the direction of the applied stress (Fig. 2, E and E). Focal complexes and focal contacts in the same cell that were not
directly affected by the pulling did not change (Fig. 2, E
and F). The observed decrease in the fluorescence of some
of these structures (Fig. 2 F) was not significant, since this
decrease was close to the decrease induced by photobleaching during the observation period (the estimated
ratio between average fluorescence within the cell body
after and before pulling was 0.7). Force-induced increase
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Inhibitors
The drug concentrations used were 10 M for Y-27632 (Welfide Corporation), 30 mM for 2,3-butanedione monoxime (BDM) (B-0753; SigmaAldrich) and 5 M for latrunculin A (Molecular Probes, Inc.). Y-27632
was added 30 min, BDM, 15 min, and latrunculin A, 10 min, before force
application. These concentrations and time intervals were sufficient to disrupt focal adhesions of SV-80 cells. The traction forces exerted by substrate-attached cells treated with inhibitors were assessed using the
silicone rubber substratum method (Harris et al., 1980), modified as recently described (Burton et al., 1999; Helfman et al., 1999). Coexpression
of HA-caldesmon or HA-C3 toxin with GFP–vinculin in transfected cells
was confirmed by immunofluorescence staining using monoclonal antiHA tag antibody (clone 16B12; Babco). Immunolabeling was performed
as previously described (Helfman et al., 1999). For each treatment, our
evaluation of focal contact growth was based on the results of at least
three independent experiments. When an inhibitor interfered with the
force-induced growth of focal contacts, as in the presence of latrunculin A
or in C3 toxin–transfected cells, we elevated the force by increasing the pipette shift and confirmed that a larger force was also unable to induce focal contact growth.

Microscopy and Image Analysis
Cells were observed with an Axiovert microscope (ZEISS) using the
DeltaVision acquisition system (Applied Precision) or with an IX70 microscope (Olympus) and a cooled couple-charged device camera (MicroMAX-1300YHX; Princeton Instruments and Roper Scientific). For living
cell experiments, a ZEISS 100 Plan Apochromat objective (Ph3, 1.3
NA) or an Olympus 60 Plan Apochromat objective (Ph3, 1.4) were
used. The temperature of the cell under observation was maintained at
37C by temperature control of the oil-immersion objective, using a heating ring and a controller device (CT15; Minco), or with a water circulating
heating unit. Images were processed with Priism (Applied Precision) or
WinView software (Roper Scientific).
The total fluorescence intensities of focal contacts were measured using
the water algorithm as described (Zamir et al., 1999), and the area, axial
ratio, and intensity per pixel were measured by interactive segmentation
followed by NIH Image analysis routines. To compare images of GFP
fluorescence acquired at two different time points (before and after force
application), a temporal fluorescence ratio imaging technique was used as
described (Zamir et al., 2000). Figures were composed using Adobe® Photoshop™ software (Adobe Systems, Inc.). In some cases, a high-pass filtration was used to eliminate gradients of intensity in the background.

Online Supplemental Material

Figure 1. Schemes depicting the method of application of external force. The pipette, covered either with poly- L-lysine or fibronectin, was bent against the coverslip and moved along the
chosen lamellipodium as indicated by the yellow arrow (A). The
cross sections through the lamellipodium are shown before (B)
and after (C) pipette shift. Tension force applied to a focal complex at the cell edge is represented by the red arrow (C).

in area (Fig. 2 G) and elongation (Fig. 2 H) of the focal
contacts were accompanied by the recruitment of new vinculin molecules, since the fluorescence per unit area of
each focal contact remained constant (Fig. 2 I). This experiment was performed on 18 cells (including also NIH
3T3 fibroblasts) and always gave similar results.
Our method of force application might also produce, in
addition to the centripetal tension force, some pressure on
the upper cell surface (Fig. 1 C). To exclude the contribution of this pressure component, we developed another
set-up. We plated cells on a flexible-patterned substrate
(prepared as in Balaban et al., 2001), and imposed the
force by pushing away the pipette tip pressed to the substrate near the cell edge (Supplemental Figure S1, available at http://www.jcb.org/cgi/content/full/153/6/1175/DC1).
This procedure was similar to the procedure of local substrate deformation described by Lo et al. (2000). In our
case, such deformation caused some displacement of the
affected cell in the direction of substrate pushing and apparent development of the centripetal tension at the opposite cell edge. Obviously, this tension was not accompanied by any pressure force. We observed that focal
contacts that experienced tension of this sort increased in
size similarly to the contacts manipulated by our standard
procedure (Supplemental Figure S1, available at http://
www.jcb.org/cgi/content/full/153/6/1175/DC1). Thus, a hypothetical pressure contribution seems to be not essential
for the focal contact growth induced by our standard micromanipulation technique.
Force-induced changes of adhesion sites visualized in live
cells by expression of GFP–paxillin were similar to those visualized by GFP–vinculin fluorescence. Incubation of cells
in serum-free medium greatly reduced the size and intensity
of GFP–paxillin spots at the cell edge (Fig. 3 A), whereas
the pipette shift (Fig. 3 B) induced formation of typical focal contacts elongated in the direction of pulling (Fig. 3 C).
To demonstrate that the recruitment of GFP–vinculin
corresponded to the real growth of focal adhesions, we visualized the process with IRM. The dark areas in the IRM images, indicating regions of closest apposition between the
lower cell surface and the substrate (Abercrombie and
Dunn, 1975; Izzard and Lochner, 1976), overlapped with the
bright areas in the GFP–vinculin fluorescence, both in the
case of initial dot-like focal complexes (Fig. 4, A and B) and
in the case of elongated focal contacts (Fig. 4, D and E)

Figure 2. Local formation of focal contacts in response to the
application of external force. GFP–vinculin-transfected SV-80
cells incubated in serum-free medium are shown before (A–B)
and after (C–D) application of pulling force produced by micropipette shift. (A, A, C, and C) GFP fluorescence showing the distribution of vinculin; (B and D) phase image of the same cell. The
photographs were taken 2 min before pipette shift (A–B), immediately after the shift (D), and 3 min 37 s after the shift (C and
C). A and C represent higher magnifications of upper right
parts of images A and C, respectively. (E) Image representing
pixel-to-pixel ratio between the intensity of the GFP fluorescence
5 min after the pulling and 20 s before pulling. E represents high
magnification of the upper right part of the image E. The values
of the ratio between intensities of after and before images are
represented by pseudocolors, as indicated in the spectrum scale
shown below E and E. Thus, red indicates newly formed parts of
focal contacts; yellow, stationary parts; and blue, the parts that
disappeared. (F) Ratio between the total intensity of individual
focal contacts after and before pulling. For each focal contact, the
average of the three maximal total intensity values during the 4
min after the pulling was divided by the average of the three
maximal values registered during last 5 min before pulling. Positions of the adhesions are indicated by the yellow dots; and the
ratio values, by the yellow numbers nearby. The pipette tip is
represented by a blue cone; and the direction of the pulling force,
by the blue arrow. (G–I) Typical graphs illustrating individual focal adhesion growth. Changes in the focal adhesion area (G), focal adhesion axial ratio (H), and the fluorescence per pixel of the
focal contact (I) are shown. Bars: (A, B, C, D, and E; shown in D)
20 m; (A, C, E; shown in C) 5 m.
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Figure 3. Force-induced focal contact formation as revealed by
GFP–paxillin fluorescence. (A and C) GFP–paxillin distribution
at the leading edge of serum-starved SV-80 cell 2 min before (A)
and 1.5 min after (C) development of the pulling force. (B) Phase
image showing the pipette location after the shift. Bar, 10 m.

formed after pipette pulling (Fig. 4 C). Experiments with
cells transfected with GFP–actin revealed GFP fluorescence
overlapping with the dark areas in the IRM images of focal
contacts formed in response to applied stress (not shown).
Thus, force-induced formation of focal contacts is accompanied by the recruitment of vinculin, paxillin, and actin, and
the elongation of the corresponding dark areas in the IRM
images. These results indicate that focal contacts induced by
external force have the same structural characteristics as
those produced by cells during spreading and locomotion.
To examine the ECM dependence of force-induced focal
contact formation, we compared responses to pipette pulling of cells plated on fibronectin versus poly-L-lysine–
coated substrates in serum-free medium. The assay was performed 1–3 h after seeding, before substantial deposition of
ECM proteins by the cells plated on poly-L-lysine occurred.
Cells plated on the fibronectin-coated coverslips (Bershadsky et al., 1996) responded to the local force by developing
focal adhesions as described above (Fig. 5, A–C and G–I).
In contrast, cells plated in serum-free medium on coverslips
coated with poly-L-lysine did not form focal contacts after
the application of force (Fig. 5, D–F). Thus, engagement of
integrin receptors with the corresponding ECM proteins on
the substrate is an essential requirement for the induction of
focal contact formation by external force. In contrast, the
nature of the adhesive material used to coat the pipette tip
did not affect its capacity to stimulate focal adhesion formation. Indeed, force applied with a poly-L-lysine–coated pipette was as efficient as a fibronectin coated pipette in the
induction of focal adhesions (Fig. 5, compare I with C).

External Force–induced Focal Contact Formation
Depends on Actin Filament Integrity, but Not on
Myosin II–driven Contractility
Since the contractile actomyosin system was shown to be
essential for the formation of focal contacts (Volberg et al.,
1994; Bershadsky et al., 1996; Chrzanowska-Wodnicka and
Burridge, 1996; Pelham and Wang, 1997; Helfman et al.,
1999; Rottner et al., 1999), we examined the requirement
for actin filament integrity and actin–myosin interactions in
our assay. To disrupt actin filaments, we used latrunculin A,
which binds monomeric actin and prevents its polymerization (Ayscough, 1998). After latrunculin A treatment, preexisting focal contacts were completely disrupted, leaving
only scattered focal complexes intact. Tension applied to la-
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Figure 4. Force-induced recruitment of GFP–vinculin is accompanied by growth of focal contacts as revealed by IRM observations.
GFP–vinculin (A and D) and IRM (B and E) images essentially
overlap each other both 7 min before (A and B) and 9 min after
(D and E) pulling. Phase image after pulling is shown in the middle (C). Bars: (C) 20 m; (A, B, D, and E; shown in E) 5 m.

trunculin A–treated cells did not induce growth of focal
contacts (Fig. 6, A–B). This result indicates that integrity
of actin filaments is necessary for focal contact induction by
external force. Incubation of cells at 4C, a temperature at
which actin polymerization is greatly inhibited (Kane,
1976), also interfered with the force-induced growth of focal contacts (Supplemental Figure S2, available at http://
www.jcb.org/cgi/content/full/153/6/1175/DC1).
In contrast, force-induced formation of focal contacts
did not appear to require actin–myosin-mediated cell contraction. Indeed, the application of force led to focal contact formation even in the presence of BDM, a potent inhibitor of myosin ATPase (Higuchi and Takemori, 1989;
Cramer and Mitchison, 1995) (Fig. 6, C–D). Treatment of
SV-80 cells with the same concentration of BDM rapidly
but reversibly blocked their contractility, as revealed by
observations of wrinkling of flexible substrate (Fig. 7, A–E).
Another method for blocking actin–myosin contractility
was transfection of cells with a construct encoding the regulatory protein caldesmon, a physiological inhibitor of actin-activated myosin ATPase (Helfman et al., 1999). The
inhibitory effect of caldesmon transfection on focal contact formation and contractility of SV-80 cells was extensively documented in our previous studies (Helfman et al.,
1999). After caldesmon overexpression, application of a
local force still induced the formation of elongated focal
contacts despite a severely altered cell morphology (Fig. 6,
E–F). Thus, the application of an external force can replace actomyosin contractility during the process of focal
contact formation, as long as actin polymerization and actin filament integrity are not disturbed.

The Functions of Rho Signaling
in Focal Contact Formation
It has been shown that activation of Rho signaling is necessary for the formation of focal adhesions induced by a variety of external factors (Ridley and Hall, 1992; Hotchin and
Hall, 1995). Two downstream targets of Rho, namely ROCK
and the formin homology protein mDia1, are able to replace
Rho in the process of focal contact induction in HeLa cells
(Watanabe et al., 1999). We therefore studied the roles of
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Figure 5. Covering of the substrate with fibronectin is essential for force-induced growth of focal contacts. GFP–vinculin-transfected
SV-80 cells plated on poly-L-lysine in serum-free medium do not respond to pulling with a fibronectin-coated pipette by formation of focal contacts (D–F), whereas cells plated on substrate precoated with poly- L-lysine and then coated with fibronectin (fibronectin a) produce
normal focal contacts (A–C). Under standard conditions (fibronectin b), cells were plated in serum-containing medium and then serum
starved. Pulling of these cells with a poly- L-lysine–coated pipette still produces growth of focal contacts (G–I). The positions of pipette
immediately after shift are indicated in B, E, and H. Images labeled before and after were taken 1–10 min before and 3–7 min after pipette shift. Bars: (B, E, and H) 10 m; (C, F, and I) 5 m. In each before–after pair, the pictures were taken with the same magnification.

Rho, ROCK, and mDia1 in the development of focal adhesions induced by externally applied mechanical force.
Transfection of cells with a construct encoding C3 toxin,
a potent and specific inhibitor of Rho (Aktories and Hall,
1989), blocked force-induced focal contact formation (Fig.
8, A–C). To investigate the role of ROCK, we used a specific inhibitor of its activity, Y-27632 (Uehata et al., 1997).
This compound was shown previously to inhibit the formation of focal contacts in serum-containing medium (Uehata et al., 1997); we have confirmed it for SV-80 cells

(Riveline, D., and A.D. Bershadsky, unpublished results).
Using the substrate wrinkling assay, we observed, as expected, that Y-27632 also rapidly and reversibly blocked
cell contractility (Fig. 7, F–J). However, the same concentration of the inhibitor did not block force-induced focal
contact growth (Fig. 8, J–L). Thus, application of external
force bypasses the requirement for ROCK activity for the
formation of focal contacts.
The activity of Rho in our assay can be replaced by constitutively active mutants of mDia1. Co-transfection of cells

Figure 6. Function of actin cytoskeleton in the
force-induced growth of focal contacts. To probe
the role of actin cytoskeleton integrity, SV-80
cells were pretreated with 5 M latrunculin A
(Lat A) (A–B); to block actomyosin-driven contractility, the cells were pretreated with 30 mM
BDM (C–D) or cotransfected with nonmuscle
caldesmon (E–F). Positions of the pipette tips,
immediately after shift, are indicated by blue
drawings. B, D and F represent enlarged parts
of B, D, and F, respectively. Images labeled before and after were taken 1–8 min before and 3–7
min after the pipette shift, respectively. Bars: (B,
D, and F) 20 m; (B, D, F) 5 m. Note that latrunculin A prevented formation of focal adhesions, whereas neither BDM nor caldesmon
transfection interfered with this process.
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Figure 7. Reversible suppression of cell contractility by BDM and Y-27632. SV-80 cells growing on the silicon rubber substrate and
producing wrinkles (A and F) were treated with either 30 mM actomyosin ATPase inhibitor BDM (top) or 10 M ROCK inhibitor
Y-27632 (bottom). Images of BDM-treated cells were taken at 2.5 (B), 5 (C), and 9.5 min (D) after drug addition; the drug was washed
off after 30 min incubation, and the last image (E) was taken at 45 min after washing. Images of the cell treated with Y-27632 were captured at 2.5 (G), 6 (H), and 9.5 min (I) after drug addition; the drug was washed off after 30 min incubation, and the image (J) was taken
50 min later. Bar, 20 m.

with C3 and constitutively active mDia1 mutants abolished
the inhibitory effect of C3 toxin and permitted formation of
elongated focal contacts after application of pulling force
(Fig. 8, F, F, I, and I). Five cells transfected with C3 together with mDia1N1 were analyzed, and all demonstrated pulling-induced focal contact formation (one example is shown in Fig. 8, D–F). Of four cells cotransfected
with C3 and mDia1N3, three cells also demonstrated focal contact growth upon pulling (Fig 8, G–I). Cells transfected with the same concentrations of C3 and empty vector instead of mDia1 demonstrated no focal contacts after
pulling, similar to the situation when the cells were transfected with the C3 plasmid only (Fig. 8, A–C). Thus, formation of the focal contacts induced by external force does
not depend on ROCK, but requires mDia1 activity.

In this study, we introduced a new approach for the micromanipulation of cultured cells enabling us to locally and
selectively affect the precursors of focal adhesions at the
cell edge. Previously, application of mechanical force with
micropipettes coated with adhesive ligands were used to
stimulate axonal growth (Bray, 1984; Zheng et al., 1991) to
measure growth cone adhesion to the substratum (Zheng
et al., 1994), and to explore mechanical characteristics of
the cytoskeleton (Heidemann et al., 1999). Our purpose
was to mimic, using micropipette manipulation, the forces
that the cell itself generates at the regions where initial focal complexes are formed. Micropipette pulling was performed close to the cell edge on a thin lamella, consisting
mainly of the actin cortex coupled to the plasma membrane. Thus, the force applied by the micropipette is transmitted to the focal complexes and developing focal contacts by stretching a cortical sheet.

To estimate the magnitude of this force, we assumed that
the two-dimensional shear modulus of the cell cortex is 2 
10 3 Pa m, as was recently measured for NIH fibroblasts
(Bausch et al., 1998). With a Poisson ratio 0.5, this corresponds to a two-dimensional Young modulus of 6  10 3
J/m2. In our experiments, the micropipette was applied to a
region of the cortex with both lateral lengths of 10 m,
and its displacement was of a similar order of magnitude
(Fig. 2, B and D). A scaling approach that circumvents
model-dependent calculations by focusing on the relevant
physical dimensions predicts that the force exerted is on
the order of 6  10 3 J/m2  10 m 60 nN. This force is
transmitted to the focal complexes at the cell edge. Although some focal complexes may be uprooted, the tension
concentrated on the remaining adhesion sites typically corresponds to 10 nN per growing focal contact. Thus, the estimation of the force experienced by a focal contact in our
micropipette manipulation yields the same order of magnitude as the experimentally measured forces normally applied by the cells at their adhesion sites. Estimates of such
forces have included 3 nN per single adhesive contact of
chick embryo fibroblast, as estimated using special micromachined device (Galbraith and Sheetz, 1997), 6 nN per
m2 of the advancing edge of 3T3 cell, as revealed by the
elastic substrate method (Dembo and Wang, 1999), and 5.5
nN per m2 of focal contact area, as measured using elastic
micropatterned substrate (Balaban et al., 2001).
We have shown, using pipette manipulation, that the local application of centripetal force induces a centripetal
growth of the focal complexes under stress: new proteins
are recruited, and the complexes elongate and become indistinguishable from normal focal contacts. This experimental system allowed us to further dissect the Rho-dependent pathway responsible for the formation of the focal
contacts (Fig. 9). Rho function in the natural process of fo-
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Discussion

Figure 8. Involvement of Rho, ROCK, and mDia1 in the force-induced formation of focal contacts. SV-80 cells were cotransfected
with GFP–vinculin and C3 toxin (A–C) or with GFP–vinculin, C3 toxin, and constitutively active mutants of mDia1, mDia1N1 (D–F)
or mDia1N3 (G–I). Alternatively, the cells transfected with GFP–vinculin were treated with 10 M ROCK inhibitor Y-27632 before
application of force (J–L). GFP–vinculin distributions in transfected cells several minutes before pipette shift are shown (A, D, G, and
J). Positions of the pipettes, immediately after shift, are shown in phase images (B, E, H, and K). GFP–vinculin distributions in the cells
3–7 min after pipette shift are shown (C, F, I, and L). C, F, I, and L represent enlarged parts of cells shown in C, F, I, and L, respectively. Newly formed focal contacts are indicated by arrows. Bars, 10 m.

cal contact–stress fiber formation can be replaced by a
combination of constitutively active ROCK and mDia1
(Watanabe et al., 1999). This study shows that, upon application of external force, mDia1 alone is sufficient for the
focal contact assembly, whereas ROCK activity is not
required. Moreover, ROCK-activated myosin-driven cell
contractility is also not essential for focal contact formation. Thus, the segment of the Rho-dependent pathway,
from activation of ROCK to the gain of myosin light chain
phosphorylation, can be bypassed by application of mechanical load to the initial focal complexes.
It is worth noting that, in addition to its role in regulation of contractility (Kimura et al., 1996; Kawano et al.,
1999), ROCK was shown to have other targets related to
the regulation of the actin cytoskeleton. Among these targets are ERM proteins (Fukata et al., 1998; Matsui et al.,

1998), adducin (Kimura et al., 1998; Fukata et al., 1999),
LIM kinase (Maekawa et al., 1999), and the Na-H exchanger NHE1 (Tominaga et al., 1998). In principle, these
targets could also mediate the ROCK function in the focal
contact formation, but since we have shown that ROCK
can be fully replaced by the mechanical force, these targets
are nonessential. The minimal function of ROCK, which is
necessary for the assembly of focal contacts under normal
conditions, is to create force via activation of myosin II.
Functions of ROCK mediated by other targets might be involved in fine tuning of the focal contacts and in the organization of the system of stress fibers associated with them.
Function(s) of another Rho target, the formin homology
protein, mDia1, which allowed induction of focal adhesions
by external force when Rho activity was blocked, are less
clear. One possibility is that mDia1, in cooperation with
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Figure 9. Scheme depicting
involvement of tension force
generation in the process of
ROCK- and mDia1-dependent formation of focal contacts. Rho induces formation
of the focal contacts by activation of two essential pathways, ROCK dependent and
mDia1 dependent. The main
function of the ROCK-dependent pathway is to activate
myosin II–driven cell contractility due to direct or indirect (via myosin light chain
phosphatase [MLCP]) effects
on the phosphorylation of
myosin light chain (yellow
crescent). This pathway can
be bypassed if the tension
force is applied externally.
mDia1-dependent pathway
includes activation of actin
polymerization via interactions with profilin, or possibly other effects on the organization of actin network and microtubules. If mDia1 is active, application of tension force to the focal complexes triggers the transition of these structures into focal contacts and growth of the focal contacts.

profilin, stimulates assembly of the actin filaments (Watanabe et al., 1997). As shown in our experiments with latrunculin A, the assembly of actin filaments is necessary for
the focal contact formation even when external force is applied. A minimal level of actin polymerization is obviously
required for the transmission of mechanical force through
the cell cytoplasm stretched by micropipette, however intermediate filaments may also be involved in the force
transmission (Helmke et al., 2000, 2001). Moreover, polymerization of actin could participate in the growth of focal
contact per se, since filamentous actin may be an essential
component of these structures. On the other hand, a novel
function of mDia1, also related to the stress fiber–focal adhesion formation, was recently discovered. This function is
associated with FH2 domain of the mDia1 molecule, which
is not involved in the profilin-dependent regulation of actin
polymerization (Ishizaki et al., 2001). It is possible that this
function (related to the microtubule-dependent delivery of
some components to primordial adhesions) is also necessary for the force-dependent generation of focal contacts.
External force-induced formation of the focal contacts,
as well as formation of the focal contacts under normal
conditions, requires a specific interaction with the ECM,
since contact formation was observed for cells plated on fibronectin, but not on a poly-L-lysine–coated substrate. At
the same time, the nature of pipette coating was not critical, and similar results were obtained by pulling with pipettes coated with either fibronectin or poly-L-lysine. This
suggests that the stress is not sensed at the point of contact
with the pipette or through generalized membrane distortion, but rather via transmission of forces through the cytoskeleton to the cell’s basal focal adhesions where mechanosensing takes place.
The idea of integrin involvement in the mechanosensing
process was proposed originally by Ingber (Ingber, 1991,

1997). It is currently recognized that physical force applied
to molecular complexes associated with integrin receptors
can modulate integrin-mediated signaling. Manifestations
of integrin signaling, such as tyrosine phosphorylation of
specific proteins (Glogauer et al., 1997; Li et al., 1997;
Schmidt et al., 1998), increase in free intracellular calcium
(Nebe et al., 1995; Pommerenke et al., 1996; Glogauer et
al., 1997) and in cAMP level (Meyer et al., 2000), and activation of MAP and Jun kinases (Li et al., 1997; MacKenna
et al., 1998) can be efficiently stimulated upon application
of external forces to the integrin receptors by stretching
the substrate (MacKenna et al., 1998) by fluid shear stress
(Li et al., 1997) or via attached magnetic beads (Nebe et
al., 1995; Pommerenke et al., 1996; Glogauer et al., 1997;
Schmidt et al., 1998; Meyer et al., 2000). Moreover, in the
endothelial cells subjected to shear stress, formation and
growth of focal contacts aligned in the direction of flow
was observed (Davies et al., 1994). These authors suggested that components of integrin-based adhesion complex may be mechanically responsive elements coupled to
the cytoskeleton. However, in these studies, the effects of
locally applied forces were not considered.
In this study, we have demonstrated that local application of the mechanical force leads primarily to a local effect: further assembly of the integrin-containing molecular
complex. This result confirms and extends previous observations of the effects of local force on the integrin receptor
complexes. In particular, in experiments of Choquet et al.
(1997), a centripetally moving bead attached to the cell
surface via integrin was trapped by laser tweezers, thereby
inducing a mechanical force applied to the integrin receptor complex. This trapping immediately led to an increase
of the force exerted on the bead by the cell (reinforcement), a process that can be explained by the force-dependent recruitment of new components into a primary ad-
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hesion complex. This is analogous to our results demonstrating force-induced recruitment of vinculin and paxillin into focal contacts. Observations of Maniotis et al.
(1997) have shown that application of tension to surface
integrins using fibronectin-coated pipette might result in
repositioning and apparent elongation of the individual
stress fibers along the direction of tension. More recently,
Chicurel et al. (1998) showed that mechanical tension applied to integrin clusters via magnetic beads might even induce local recruitment of ribosomes and mRNA to the focal adhesion-like molecular complexes.
It is premature to speculate on the molecular mechanism within the focal complex that reacts to the application of force. A single molecule or a molecular complex,
that could reveal new binding sites in response to stretching, is an attractive possibility. An example of such a molecule is fibronectin. Supramolecular fibronectin assembly
can be induced by application of cell-generated mechanical force, unmasking an epitope involved in the assembly
process (Zhong et al., 1998; Krammer et al., 1999; Shaub,
1999). Such a mechanism might be important in the fibrillogenesis driven by translocation of tensin-rich fibrillar adhesions (Pankov et al., 2000).
Mature focal contacts are dynamic structures (Smilenov
et al., 1999; Zamir et al., 2000) thought to maintain their
size due to an assembly–disassembly equilibrium. Increase
of cell contractility leads to an increase in the focal contact
size, whereas blocking of contractility induces rapid disassembly of the focal contacts. Since, as we have shown, the
tension-dependent regulation of the focal contact assembly is local, a correlation should exist between local tension applied to individual focal contacts in the cell and the
size of this contact. Such a correlation was, in fact, observed recently in our experiments (Balaban et al., 2001).
In summary, Rho-GTP activates two pathways, one
ROCK dependent and the other mDia1 dependent, that
are both essential for the normal assembly of the focal
contacts and subsequent downstream signaling. Activation
of ROCK is required for maintenance of myosin II–driven
contractility, which in turn is necessary for the generation
of tension applied by the cell to focal complexes. This tension is a major factor locally regulating the growth of these
complexes and their conversion into focal contacts. External
force application allows the bypass of the ROCK-dependent pathway. On the contrary, the mDia1-dependent
pathway is essential for induction of focal contact assembly by either cellular or external forces. Thus, we have
shown that focal complexes and focal contacts respond to
the tension and behave as miniature mechanosensors, and
this feature of matrix adhesions plays an important role in
the reaction of cells to their microenvironment.
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